Journal of Comparative Physiology B (2018) 188:393–408
https://doi.org/10.1007/s00360-017-1137-y

ORIGINAL PAPER

The physiology of the Tambaqui (Colossoma macropomum) at pH 8.0
Chris M. Wood1,2,3,4

· R. J. Gonzalez5 · Márcio Soares Ferreira4 · Susana Braz‑Mota4 · Adalberto Luis Val4

Received: 14 August 2017 / Revised: 5 November 2017 / Accepted: 17 November 2017 / Published online: 30 November 2017
© Springer-Verlag GmbH Germany, part of Springer Nature 2017

Abstract
The Tambaqui is a model neotropical teleost which is of great economic and cultural importance in artisanal fisheries and
commercial aquaculture. It thrives in ion-poor, often acidic Amazonian waters and exhibits excellent regulation of physiology
down to water pH 4.0. Curiously, however, it is reported to perform poorly in aquaculture at pH 8.0, an only slightly alkaline
pH which would be benign for most freshwater fish. In initial experiments with Tambaqui of intermediate size (30–50 g), we
found that ammonia excretion rate was unchanged at pH 4, 5, 6, and 7, but elevated after 20–24 h at pH 8, exactly opposite
the pattern seen in most teleosts. Subsequent experiments with large Tambaqui (150–300 g) demonstrated that only ammonia,
and not urea excretion was increased at pH 8.0, and that the elevation was proportional to a general increase in MO2. There
was an accompanying elevation in net acidic equivalent excretion and/or basic equivalent uptake which occurred mainly at
the gills. Net N
 a+ balance was little affected while C
 l− balance became negative, implicating a disturbance of Cl− versus base
+
exchange rather than N
 a versus acid exchange. Arterial blood pH increased by 0.2 units at pH 8.0, reflecting combined metabolic and respiratory alkaloses. Most parameters recovered to control levels by 18–24 h after return to pH 6.0. With respect
to large Tambaqui, we conclude that a physiology adapted to acidic pH performs inappropriately at moderately alkaline pH.
In small Tambaqui (4–15 g), the responses were very different, with an initial inhibition of ammonia excretion rate at pH
8.0 followed by a subsequent restoration of control levels. Elevated ammonia excretion rate occurred only after return to pH
6.0. Furthermore, MO2, plasma cortisol, and branchial vH+ATPase activities all declined during pH 8.0 exposure in small
Tambaqui, in contrast to the responses in larger fish. Overall, small Tambaqui appear to cope better at pH 8.0, a difference
that may correlate with their natural history in the wild.
Keywords Alkalinity · Ammonia · Urea · Oxygen consumption · Nitrogen quotient · Acid–base regulation · Ionoregulation

Introduction
The Tambaqui (Colossoma macropomum), a serrasalmid
teleost which is native to the Orinoco and Amazon river
watersheds, is now extensively exploited in both aquaculture
and capture fisheries, and is quickly becoming a model neotropical species in physiology (reviewed by Goulding and
Carvalho 1982; Araujo-Lima and Goulding 1997; PradoLima and Val 2016; Wood et al. 2017; Da Silva Nunes et al.
2017). The Tambaqui is renowned for its robust physiology,
and is particularly resistant to the hypoxic and acidic conditions which are typical of these regions (Saint-Paul 1984;
Val and Almeida-Val 1995; Gonzalez et al. 1998; Wood et al.
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1998; Wilson et al. 1999; Chagas and Val 2006; Florindo
et al. 2006; Robertson et al. 2015). With respect to acidity,
earlier studies (Wood et al. 1998; Wilson et al. 1999) demonstrated that progressive reductions in water pH down to
4.0 caused negligible disturbances in ammonia excretion,
acid–base fluxes, internal acid–base status, blood gases, and
plasma stress indicators (cortisol, glucose, lactate). While
Na+ and Cl− balance became negative initially, net losses
were quickly attenuated and there was minimal disturbance
of plasma ion levels. Indeed, Tambaqui appear to thrive at
low pH, exhibiting higher growth rates under aquacultural
conditions at pH 4.0 than at pH 6.0 (Aride et al. 2007).
It was surprising that in this same aquacultural study
(Aride et al. 2007), Tambaqui exhibited negative growth
rates at pH 8.0, and a host of internal physiological disturbances were evident at terminal sampling after 40 days
of exposure. A pH of 8.0 is typical of many fresh waters
throughout the world (Moss 2009), and is benign to most
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teleost species. However, at higher water pH (> 9.0), physiological homeostasis starts to break down in most species,
with the principal problem being a buildup of toxic ammonia
in the body fluids associated with an inhibition of branchial
ammonia excretion (Wilkie and Wood 1996; Wilkie 2002).
It is now generally believed that this inhibition is due to the
rise in pH at the external boundary layer of the gills which
would reduce acid trapping of N
 H3 and/or inhibit the Rh
protein-based “Na+/NH4+ exchange complex” (Wright and
Wood 2009, 2012; Weihrauch et al. 2009). These parameters
were not assessed in the study of Aride et al. (2007). In general, mechanisms of branchial ammonia excretion are not
well understood in acidophilic fishes of the Amazon (Wilson
1996; Gonzalez et al. 2005; Wood et al. 2014, 2017). Nevertheless, we suspected that in such fish, the threshold pH
at which ammonia excretion became inhibited was simply
shifted to a lower level relative to that in most fish. Therefore, our initial hypothesis was that the problems of the Tambaqui at pH 8.0 would be due to internal ammonia buildup,
and we started by surveying the effects of a range of pH
(4.0–8.0) on the rate of ammonia excretion.
The results were unexpected and clearly did not support
our hypothesis. Thus, the focus of the study changed to
investigate why and how the rate of ammonia excretion actually increases at pH 8.0 in the Tambaqui, and whether this
is associated with disturbances in metabolic rate, acid–base
balance, or net ion flux rates. In general, in most fish at
extreme pH values, the normal functions of the gills tend
to become inhibited, and the contributions of the kidney
to ammonia excretion and acid–base balance become more
important (e.g., McDonald and Wood 1981; Wood et al.
1999; Wright et al. 1993; Lawrence et al. 2015). Consequently, renal as well as branchial responses were assessed.
Much of this work was performed on Tambaqui in the 30–50
and 150–300 g range, but during the course of the study, it
became apparent that the responses to pH 8.0 exposure of
very small Tambaqui (4–15 g) differed greatly from those of
the larger animals. Possible reasons for this difference were
therefore pursued.

Materials and methods
Experimental animals and water
Experiments were performed on juvenile Tambaqui
[Colossoma macropomum (Cuvier 1816), Order Characiformes, Family Serrasalmidae] in three size categories,
designated as small (4–15 g), intermediate (30–50 g), and
large (150–350 g) for the purposes of this study. All fish
were obtained from a commercial aquaculture farm (Sítio
dos Rodrigues, Km 35, Rod. AM-010, Brazil) and held at
the Ecophysiology and Molecular Evolution Laboratory of
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the Brazilian Institute for Research of the Amazon (Instituto Nacional de Pesquisas da Amazônia, INPA) for at
least 2 weeks prior to use. The holding and experimental
water was typical Amazonian soft water obtained from
wells on the INPA campus ([Na+] = 50 μM, [Cl−] = 25 μM,
[Ca2+] = 5 μM, [Mg2+] = 4 μM, [K+] = 16 μM; [titratable
alkalinity] = 140 μM; pH 5.8–6.5, temperature 27–30 °C).
As this groundwater is very high in dissolved CO2, it was
vigorously aerated prior to use, and all fish were held
under recirculating conditions, with background total
ammonia concentrations less than 20 μM. Fish were fed
daily to satiation with commercial pellets (Nutripeixe
Tr36, Purina Co., São Paulo, SP, Brazil 36% protein) and
fasted for 48–72 h prior to experimentation. Fasting was
done to standardize metabolic rate and prevent fecal contamination of the water which would confound flux measurements. Procedures conformed to national animal care
regulations and were approved by the Ethics Committee on
Animal Experiments of INPA under registration numbers
023/2012 and 026/2015.

Experimental series
Series 1—survey of ammonia excretion rates at a range
of pH in Tambaqui of intermediate size
Tambaqui of intermediate size were placed in 8-L darkened chambers served with aeration and recirculating
water flow at control pH (~ 6.0). After a 3-h settling
period, water pH in the 500-L reservoir was adjusted to
pH 4.0, 5.0, 6.0 (control), 7.0, or 8.0 with 1 M H NO 3
or 1 M KOH as appropriate (N = 9 different fish at each
pH). After 20 h at each pH, water flow to each chamber
was suspended, volume was set to 6.0 L, and 10 mL of
water samples for ammonia analysis were taken as 0, 1,
2, 3, and 4 h. Water pH was checked immediately after
each sampling and adjusted as necessary. In practice, pH
in this experiment and in all other series was held within
± 0.3 units of the target pH value.
KOH rather than NaOH was employed to set pH 8.0 in
this and all subsequent experimental series as we wished
to maintain N
 a+ concentrations constant to avoid possible
+
Na -linked changes in ammonia excretion (e.g., Wright and
Wood 1985, 2009). In a preliminary experiment with small
Tambaqui exposed acutely to 500 µmol L−1 KCl at pH 6.0,
comparable to the highest K
 + concentration measured in the
pH 8.0 exposures, there was no significant change in ammonia excretion rate (MAmm, − 1201 ± 116 µmol kg−1 h−1 at pH
6.0 versus − 1305 ± 105 µmol kg−1 h−1 at pH 6.0 + 500 µmol
L−1 KCl, N = 7).This is in agreement with earlier high pH
experiments on large trout where comparable K
 + concentrations proved benign (Wilkie et al. 1996).
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Series 2—effects of pH 8.0 exposure and recovery
on ammonia and urea excretion, net ion fluxes, and acid–
base fluxes in large Tambaqui

Series 3—effects of pH 8.0 exposure and recovery
on oxygen consumption and ammonia and urea excretion
in large Tambaqui

Large Tambaqui were anesthetized in 0.1 g L
 −1 MS-222
(Syndel Laboratories, Vancouver, BC, Canada), pH corrected with KOH. The fish were fitted with indwelling urinary bladder catheters (Clay-Adams PE-50 tubing with
a PE160 sleeve—Becton, Dickinson and Co., Franklin
Lakes, NJ, USA), exactly as described by Wood and Patrick (1994) and Wood et al. (2017).The fish were allowed
to recover overnight in darkened plastic chambers served
with aeration and flow-through water (pH 6.0) from a
500-L external re-circulating system. Water in the reservoir was renewed every 12 h. Urine was collected into
25-mL covered Erlenmeyer flasks using a siphon head of
3 cm. The patency of the urinary catheter was checked
during the overnight recovery period; success rate was
about 50%. Experiments were only started using fish with
working urinary catheters, such that in each batch there
were 4–7 fish. The protocol was repeated three times to
yield N = 15 during the pH 6.0 control period (see below).
The number of fish with working urinary catheters
declined to N = 11 at pH 8.0 and N = 4 at pH 6.0 recovery.
When catheters failed, they invariably pulled out of the
urogenital papilla and started to siphon water at a high
rate. Therefore, they were removed, so that whole animal flux data (sum of branchial and urinary components)
could still be collected for N = 15. All urine samples were
analyzed for volume, ammonia, and urea, but only urine
samples from the N = 4 completing the entire 3-day protocol were analyzed for titratable acidity minus bicarbonate
([TA-HCO3−]).
At about noon on the day after catheterization, the 24-h
control period at pH 6.0 was started (0 h, Day 1). At approximately 18 h on Day 1, a fresh urine collection (18–24 h)
was started to yield the control urine collection. In the middle (20–22 h) of this period, the water flow to the chamber
was suspended while aeration continued, and the volume
was set to 3.2 L. Initial and final water samples (2 × 20-mL)
for ammonia, urea, Na+, Cl−, K+, and titratable alkalinity
analyses were taken over this 2-h period. At 24 h, the pH
in the reservoir was set to pH 8.0 (start of Day 2), and the
urine collection and water sampling protocols were repeated
identically at 42–48 h on Day 2. At 48 h, the water pH in
the reservoir was reset to pH 6.0 for the recovery period
(start of Day 3), and the urine collection and water sampling
protocols were repeated identically at 66–72 h on Day 3. In
consequence, the water measurements and urine measurements were contemporaneous, and occurred at 20–22 and
18–24 h exposure, respectively, in each water pH treatment.
At each time, a parallel blank was run with a chamber from
which the fish had been removed.

The protocol was comparable to that in Series 2 but as there
was no surgery or anesthesia, the initial overnight recovery
period was omitted, and the 3.2-L flux chambers were modified so that they could be sealed with a port to accommodate
an O2 probe. Large fish (N = 9) were added to the darkened
chambers on flow-through at pH 6.0. Three 24-h treatments
ensued at pH 6.0, pH 8.0, and pH 6.0 recovery. At 20–22 h
(Day 1 at pH 6.0), 44–46 h (Day 2 at pH 8.0), and 68–70 h
(Day 3 at pH 6.0 recovery), flow was suspended, and initial
and final water samples (10 mL) were drawn for ammonia
and urea analyses. In the middle of these periods, aeration
was suspended for 30–45 min, the chamber was sealed, and
initial and final measurements of water O2 concentration
were taken. The fish’s ventilation during the trial, plus gentle
manual rocking of the chamber prior to sampling, ensured
mixing. At each time, a parallel blank chamber was run as
in Series 2.
Series 4—initial time course of the responses of oxygen
consumption and ammonia excretion rates to pH 8.0
exposure in large Tambaqui
As in Series 3, large Tambaqui (N = 8) were allowed to settle
in the 3.2-L chambers on flow-through at pH 6.0. At about
22 h, both flow and aeration were suspended, the chamber
was sealed, and initial and final water samples (10 mL) and
O2 concentration measurements were taken over a 40-min
period at pH 6.0. The pH in both the reservoir and the fish
chambers was then reset to 8.0, and at both 1–2 and 6–7 h
after the start of pH exposure, the O2 concentration and
water sampling protocols were repeated. At each time, a parallel blank chamber was run as in Series 2. Water samples
were analyzed only for ammonia as the 40-min time period
was too short for reliable urea flux measurements.
Series 5—effects of pH 8.0 exposure and recovery on blood
acid–base status and plasma ammonia and glucose
concentrations in large Tambaqui
As in Series 2, large Tambaqui were anesthetized with
MS-222, and then fitted with indwelling blood-sampling
catheters (Clay-Adams PE-50 tubing) in the caudal artery,
largely as described by Wood et al. (1998). The vessel
was exposed by surgically separating the hypaxial and
epaxial muscle masses, and the tubing was advanced
under a vertebral spine for several cm into the vessel.
The catheter was filled with Cortland saline (Wolf 1963)
heparinized at 100 i.u. ml−1 with lithium heparin (SigmaAldrich, St. Louis, MO, USA). The wound was dusted
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with oxytetracycline (Sigma-Aldrich) and tightly closed
with silk sutures and a drop of cyanoacrylate tissue glue
(Vetbond™, 3M Co., Maplewood, MN, USA). The only
substantial difference from the method of Wood et al.
(1998) was the addition of a sleeve of PE-160 tubing,
flanged at both ends, that was secured by Vetbond™ to the
PE50 just as it exited posteriorly from the closed wound.
Additional silk sutures next to the anterior and posterior
flanges ensured minimal back-and-forth movement of the
catheter. The fish were allowed to recover overnight in
darkened plastic chambers served with aeration and flowthrough water (pH 6.0) from a 500-L external re-circulating system.
Thereafter, the protocol was parallel to that of Series 2,
with an overnight recovery period, followed by Day 1 at
pH 6.0, Day 2 at pH 8.0, and Day 3 at pH 6.0 recovery.
Blood samples (500 µL) were drawn anaerobically into
a gas-tight Hamilton syringe at 20–22 h (Day 1 at pH 6.0),
44–46 h (Day 2 at pH 8.0), and 68–70 h (Day 3 at pH 6.0
recovery) for analyses of arterial pH (pHa), plasma total
CO2, plasma total ammonia, and plasma glucose. At each
sampling time, the red blood cells were resuspended in
non-heparinized Cortland saline and then re-infused into
the fish to maintain hematocrit.
Series 6—effects of pH 8.0 exposure and recovery
on ammonia excretion rates in small Tambaqui
Small Tambaqui were weighed, placed into individual
150-mL chambers connected to a 100-L recirculating system filled with aerated INPA well water adjusted to pH
6.0, and allowed to recover overnight. To start the test,
flow to the chambers was stopped and initial 6 mL of water
samples were taken from each chamber. An hour later,
final water samples were taken and flow was restored. This
constituted the control flux measurement at pH 6.0. During flow stoppage, the pH of the recirculating system was
raised to pH 8.0 with the addition of concentrated KOH.
With restoration of flow, the pH in the chambers rose to
the target within 5–10 min. This was designated as the
start of the pH 8.0 exposure period. Additional 1-h flux
periods occurred at 1, 3, 6, 12, and 24 h of exposure. In
preliminary tests, it was found that the pH of the water
in individual chambers fell rapidly. Consequently, during
measurement periods at pH 8.0, the pH values in individual chambers were adjusted every 10 min. As a result,
pH in the chambers varied between 7.7 and 8.3. While
flow was stopped during the final measurement period at
pH 8.0, the pH of the system was returned to pH 6.0, and
recovery measurements were made after 1 and 4 h. At each
time, a parallel blank chamber was run as in Series 2.
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Series 7—effects of pH 8.0 exposure on the rate of oxygen
consumption in small Tambaqui
Small Tambaqui were weighed, placed into individual airtight 2-L chambers connected to a 500-L recirculating system filled with aerated INPA well water adjusted to pH 6.0,
and allowed to recover overnight. For measurements, flow
was stopped, initial P
 O2 readings were made in each chamber, and chambers were sealed. 2 h later final PO2 readings
were made and flow was restored. Measurements were made
at pH 6.0 and after 1 and 24 h at pH 8.0.
Series 8—effects of pH 8.0 exposure on gill enzymes
and plasma cortisol: a comparison of small versus large
Tambaqui
Small (n = 6) and large Tambaqui (n = 6) were placed in
individual 5-L darkened chambers, continuously aerated and
connected to two 500-L recirculating system. The system
was filled with aerated INPA well water, and the animals
remained in this system for 24 h for recovery from handling.
Then, one group was exposed to pH 6 that was adjusted
with 1M HNO3, and the other group was exposed to pH 8,
adjusted with 1M KOH. After 24 h of exposure, the animals
were quickly terminally anesthetized with a high concentration (0.5 g L−1, pH—corrected with KOH) of MS-222
(Syndel Laboratories, Vancouver, BC, Canada) within the
chambers to avoid any struggling or handling stress, and
the blood sampled from the caudal vein using a heparinized
syringe. Plasma was separated by centrifugation (5000 g for
1 min) for analyses of cortisol. After blood collection, the
gills were removed and stored in liquid nitrogen for analyses
of vH+ATPase and Na+, K+ATPase activities.

Analytical techniques and calculations
Water pH was monitored using an WD-35801-00 epoxy
body pH probe (Oakton Instruments, Vernon Hills, IL,
USA) and H160 portable meter (Hatch Co., Loveland, CO,
USA), and water O2 concentration was measured with a
YSI 550A-12 portable electrode probe and meter (YSI Inc.,
Yellow Springs, OH, USA). Water ammonia and urea concentrations were assayed by the colorimetric methods of
Verdouw et al. (1978) and Rahmatullah and Boyde (1980),
respectively. Urea assays were read in 1-cm cuvettes rather
than in microplates so as to increase precision. Water Na+
and K+ concentrations were measured using a 910 Digital
Flame Photometer (Instrumentação Analítica São Paulo,
Brazil), and water Cl− concentrations by the colorimetric
assay of Zall et al. (1956). Water titratable alkalinity measurements were performed as described by McDonald and
Wood (1981), by titrating 10 mL of water samples to an
endpoint of pH 4.0 with 0.02 N HCl (Sigma-Aldrich) using a
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microburette (Gilmont Instruments, Great Neck, NY, USA),
while the sample was continually bubbled with CO2-free air.
A sealed body 20020 electrode (Quimis Inc., Diadema, Brazil) coupled to a PG1800 pH meter (Gehaka Inc., Sao Paulo,
Brazil) was used. An increase in the titratable alkalinity of
the water represents a net uptake of titratable acid (TA) by
the fish, and vice versa.
Oxygen consumption rates (MO2), as well as the net
flux rates (µmol kg−1 h−1) of ammonia (MAmm−N), ureaN (MUrea−N, recognizing there are two Ns per urea molecule), Na+ (JNa), K+ (JK), Cl− (JCl), and TA (JTA) with the
water were calculated in the standard fashion from changes
in concentration (µmol L−1), factored by the known fish
weight (kg), volume (L), and time (h). For M
 O2, MAmm−N,
MUrea−N, and JTA, values were corrected for any changes
in the simultaneous blank. Positive values indicate net
uptake from the water by the fish, negative values indicate net losses by the fish. The net acidic equivalent flux
(JH) was calculated as the sum of MAmm−N and JTA, signs
considered, as explained by McDonald and Wood (1981).
Total-N excretion rate (MN) was calculated as the sum of
MAmm−N + MUrea−N, and the nitrogen quotient (NQ) was calculated as [MAmm−N + MUrea−N]/MO2. Based on standard metabolic theory (cf. van den Thillart and Kesbeke 1978; Van
Waarde 1983; Lauff and Wood 1996), if aerobic metabolism
is due entirely to the oxidation of protein (i.e., amino acids)
and no other fuels, then the NQ will be 0.27. Therefore, the
actual percentage of aerobic metabolism fueled by protein
was calculated as [NQ/0.27] × 100%.
Urine flow rate (UFR) was determined gravimetrically,
and urine samples were analyzed for total ammonia and urea
using the same assays as for water (Verdouw et al. 1978;
Rahmatullah and Boyde 1980). Urine titratable acidity
minus bicarbonate ([TA-HCO3−]) was measured as a single value in the double endpoint titration procedure recommended by Hills (1973). As volumes were low, samples were
diluted tenfold with 0.02 N NaCl prior to titration. Standardized acid (0.02 N HCl) and base (0.02 N NaOH), and the
same microburettes, pH electrode, and meter were used as
for water titratable alkalinity measurements. The final endpoint was the mean blood pH (7.72) measured under control
conditions (water pH 6.0) in Series 5. The net rate of urinary
acid excretion (µmol kg−1 h−1) was calculated as the product
of UFR × [Ammonia + TA-HCO3−]. Additional explanation
of the theory and methodology is given by McDonald and
Wood (1981) and Wright et al. (2014).
Immediately after collection of blood from the caudal
artery catheters, pHa was measured on a 200-µL subsample
in a custom-made water-jacketed chamber that was thermostatted to the experimental temperature. The same pH
electrode and meter were employed as for water titratable
alkalinity and urine [TA-HCO3−] measurements. The other
500 µL of blood was centrifuged (5000 g for 1 min), and an
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aliquot of plasma assayed immediately for total C
 O2 with a
Corning 965 Analyser (Ciba-Corning, Halstead, Essex, UK).
The remaining plasma was immediately frozen in liquid
nitrogen and stored at − 80 °C until analysis. Commercial
enzymatic assays were used to measure total plasma ammonia (Raichem ammonia kit, Cliniqa Corporation, San Marcos, CA, USA) and glucose (Infinity™ glucose hexokinase
liquid stable reagent, Thermo Fisher Scientific Inc., Burlington, ON, Canada). Arterial C
 O2 partial pressure ( PaCO2),
plasma [HCO3−]a, and arterial ammonia partial pressure
(PaNH3) were calculated using rearrangements of the Henderson–Hasselbach equation with constants (pK, solubility)
for plasma C
 O2 taken from Severinghaus et al. (1956) as in
Albers (1970), and for plasma ammonia from Cameron and
Heisler (1983). The pK values of Severinghaus et al. (1956)
for CO2 were utilized in preference to the commonly used
values of Boutilier et al. (1984), because the former were
determined over a temperature range (24–37.5 °C) bracketing that (27–30 °C) of the present experiments, whereas
the latter were determined only in the 5–15 °C temperature range, and yielded unrealistically low pK values when
extrapolated to high temperature. In contrast, the C
 O2 solubility values from the two sources at 27–30 °C do not differ.
Levels of plasma cortisol were measured by an enzymelinked immunoassay commercial kit (Diagnostics Biochem
Canada, London, ON, Canada). The activities of both gill
Na +, K +ATPase and v H +-ATPase were determined by
NADH oxidation in an enzymatic reaction coupled to the
hydrolysis of ATP (Kültz and Somero 1995). The assay,
which was performed at 25 °C, is based on the inhibition of Na+, K+ATPase activity by ouabain (2 mM), and
vH+-ATPase activity by N-ethylmaleimide (NEM, 2 mM).
Gills were homogenized in imidazole buffer (150 mM
sucrose, 50 mM imidazole, 10 mM EDTA, 2.5 mM deoxycholic acid, pH 7.5), 1:10, and centrifuged at 2000 g for
7 min at 4 °C. Supernatants were added to a reaction mixture
containing (in mM): imidazole 30, NaCl 45, KCl 15, M
 gCl2
3.0, KCN 0.4, ATP 1.0, NADH 0.2, fructose-1,6-bisphosphate 0.1, phosphoenolpyruvate 2.0, with 3 U mL−1 pyruvate kinase and 2 U mL−1 lactate dehydrogenase. Samples
were run with and without ouabain or NEM. Absorbance
was followed over 10 min at 340 nm. The activities of N
 a +,
+
+
K ATPase and vH -ATPase were calculated by the differences between total activities and activities with ouabain and
NEM inhibitors, respectively. Total protein concentration
was measured according to Bradford (1976) using bovine
serum albumin (BSA) as a standard at 595 nm.

Statistics
Data have been presented as means ± 1 SEM (N = number
of fish). Prior to significance testing, data were checked for
normality (Shapiro–Wilk test) and homogeneity of variance
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(Levene test or F test), and appropriately transformed in the
few cases where necessary. One-way ANOVA followed by
Tukey’s test was used to compare means in Series 1. Oneway ANOVA followed by Dunnett’s test was used to compare experimental means in Series 6 and 7 with the original
control value at pH 6.0. As a repeated measures design was
used in Series 2–5, data were analyzed by repeated measures one-way ANOVA followed by Dunnett’s test to compare experimental values at pH 8.0 and pH 6.0 recovery in
comparison to the original control values at pH 6.0. Twoway ANOVA (water pH, size) followed by Tukey’s test was
employed to compare gill enzyme and cortisol data in small
versus large Tambaqui at pH 6.0 and 8.0 in Series 8. Simple
pairwise comparisons were performed with Student’s t test.
One sample t tests were used to evaluate whether means
were significantly different from zero. All tests were twotailed and P ≤ 0.05 was taken as the limit of significance.

Results
Series 1—survey of ammonia excretion rates
at a range of pH in Tambaqui of intermediate size

to pH 8.0 confirmed that the same substantial increase in
ammonia excretion rate also occurred in large Tambaqui
(Fig. 2a). Furthermore, the response was reversible, with reestablishment of control MAmm−N rates by 20–22 h of return
to pH 6.0. Notably, the response was specific to MAmm−N;
whole animal MUrea−N, which at pH 6.0 was only about 10%
of MAmm−N, remained unchanged during pH 8.0 exposure
and after return to pH 6.0 (Fig. 2b).
Table 1 reports data for only the four Tambaqui in which
urine collections were complete for the whole experiment,
but urinary ammonia and urea data for samples collected
from the other fish were very similar. The rate of urinary
ammonia excretion was very low (< 2% of whole body
MAmm−N) and did not change significantly during exposure
to pH 8.0 or restoration of pH 6.0. Urinary urea-N excretion
was also very low (~ 30% of whole body MUrea−N) and did
not change during the experimental treatments.
The titratable acidity flux (JTA) with the external water
was positive and remained unchanged during exposure to pH
8.0 and recovery at pH 6.0 (Fig. 3). Positive JTA was approximately balanced by negative MAmm−N such that the mean net

In Series 1, after 20–24 h at pH 4.0, 5.0, and 7.0, MAmm−N
in Tambaqui of intermediate size was unchanged from the
control rate at pH 6.0 (Fig. 1). However, contrary to expectation, MAmm−N at pH 8.0 was approximately twice as high as
at the other pH values.

Series 2—effects of pH 8.0 exposure and recovery
on ammonia and urea excretion, net ion fluxes,
and acid–base fluxes in large Tambaqui
In Series 2, measurements of whole animal MAmm−N (sum of
branchial and urinary components) at 20–22 h of exposure
pH

0

4

5

A

A

6

7

8

µmol kg-1 h-1

-500
-1000
-1500

A

A

-2000
-2500
-3000

MAmm-N
B

Fig. 1  Ammonia excretion rates (MAmm−N) in Tambaqui of intermediate size in Series 1 after 20–24 h at pH 4.0, 5.0, 6.0 (control), 7.0, and
8.0. Means ± 1 SEM (N = 9 different fish at each pH). Means not sharing the same letter are significantly different (P < 0.05) as determined
by one-way ANOVA followed by Tukey’s test
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Fig. 2  Rates of a ammonia excretion (MAmm−N) and b urea-N excretion (MUrea−N) in large Tambaqui in Series 2 after 20–22 h at pH
6.0 on Day 1, after 20–22 h exposure to pH 8.0 on Day 2, and after
20–22 h recovery at pH 6.0 on Day 3. Note the different scales in
panels a and b. Means ± 1 SEM, N = 15; the same 15 fish were followed throughout. Asterisk indicates significant difference (P < 0.05)
at pH 8.0 (Day 2) relative to both pH 6.0 (control, Day 1) and pH
6.0 (recovery, Day 3), as determined by repeated measures one-way
ANOVA followed by Dunnett’s test

Journal of Comparative Physiology B (2018) 188:393–408

399

Table 1  Net urinary fluxes of acid–base moieties, ammonia-N, and urea-N in large Tambaqui in Series 2 after 18–24 h at pH 6.0 on Day 1, after
18–24 h exposure to pH 8.0 on Day 2, and after 18–24 h recovery at pH 6.0 on Day 3
pH 6.0
TA-HCO3− (µequiv kg−1 h−1)
Ammonia-N (µmol k g−1 h−1)
Net acidic equivalents (µequiv k g−1 h−1)
Urea-N (µmol kg−1 h−1)

pH 8.0

7.83 ± 6.26
− 6.15 ± 3.37
1.68 ± 8.33
− 9.05 ± 4.22

− 10.91 ± 7.16
− 5.68 ± 1.78
− 16.59 ± 8.63
− 8.89 ± 3.89

pH 6.0 recovery
− 5.92 ± 4.11
− 7.74 ± 5.6
− 13.66 ± 8.86
− 10.43 ± 5.05

Means ± 1 SEM, N = 4; the same four fish were followed throughout. There were no significant differences (P > 0.05)
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Fig. 3  Rates of titratable acidity flux (JTA, positive upward bars),
ammonia flux (MAmm−, downward negative bars), and net acidic
equivalent flux (JH, cross-hatched bars) in large Tambaqui in Series
2 after 20–22 h at pH 6.0 on Day 1, after 20–22 h exposure to pH 8.0
on Day 2, and after 20–22 h recovery at pH 6.0 on Day 3. Means ± 1
SEM, N = 15; the same 15 fish were followed throughout. Asterisk
indicates significant difference (P < 0.05) at pH 8.0 (Day 2) relative to
both pH 6.0 (control, Day 1) and pH 6.0 (recovery, Day 3), as determined by repeated measures one-way ANOVA followed by Dunnett’s
test

acidic equivalent flux (JH) was only slightly negative and not
significantly different from zero in both control and recovery periods at pH 6.0. However, during exposure to pH 8.0,
the sum of JTA and MAmm−N became highly negative, such
that JH (i.e., net acidic equivalent loss to the water, or basic
equivalent uptake, which is the same in acid–base terms)
occurred at a rate of about − 400 uequiv kg−1 h−1 (Fig. 3).
While Fig. 3 combines water flux data from fish with and
without separate external urine collections, it is clear from
Table 1 that the urinary contribution to net acid–base balance during these treatments was negligible. The renal fluxes
of TA-HCO3− and net acidic equivalents did switch over to
negative values during pH 8.0 exposure and recovery at pH
6.0, but these fluxes were only a few percent of the whole
animal fluxes and the changes were not significant.
The net flux rates of sodium (JNa, Fig. 4a) and potassium (JK, Fig. 4b) with the external water were slightly
negative (significantly different from zero) at pH 6.0, while
that of chloride (JCl, Fig. 4c) was slightly positive, but not

Fig. 4  Net flux rates of a sodium (JNa), b potassium (JK), and c chloride (JCl) in large Tambaqui in Series 2 after 20–22 h at pH 6.0 on
Day 1, after 20–22 h exposure to pH 8.0 on Day 2, and after 20–22 h
recovery at pH 6.0 on Day 3. Means ± 1 SEM, N = 15; the same 15
fish were followed throughout. Asterisk indicates significant difference (P < 0.05) at pH 8.0 (Day 2) relative to both pH 6.0 (control,
Day 1) and pH 6.0 (recovery, Day 3), as determined by repeated
measures one-way ANOVA followed by Dunnett’s test.

significantly different from zero. After 20–22 h exposure
to pH 8.0, JNa did not change (Fig. 4a), while JK switched
to a slightly positive value, a small but significant change
(Fig. 4b). However, the largest change was in JCl, which
became highly negative (Fig. 4c). Interestingly, the net
change in JCl was about 400 uequiv kg−1 h−1, which almost
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exactly balanced the net change in JH (Fig. 3), thereby conserving charge balance. All these changes in net ion flux
rates were reversed in the recovery period at pH 6.0.

Series 3—effects of pH 8.0 exposure and recovery
on oxygen consumption and ammonia and urea
excretion in large Tambaqui
The previous results led to the hypothesis that the increase
in MAmm−N at pH 8.0 might simply reflect a general increase
in metabolic rate. In Series 3, the simultaneous measurement of MO2, MAmm−N, and MUrea−N provided support for this
hypothesis. Note that all three parameters have been plotted
on the same scale in Fig. 5a to facilitate comparison. Both
MO2 and MN (the sum of MAmm−N and MUrea−N) increased
significantly by about 40% after 20–22 h at pH 8.0, and this
response was reversed upon return to pH 6.0. The increase

Fig. 5  a Simultaneous measurements of rates of routine oxygen consumption (MO2), ammonia-N excretion (MAmm−N), and urea-N excretion (MUrea−N) in large Tambaqui in Series 3 after 20–22 h at pH
6.0 on Day 1, after 20–22 h exposure to pH 8.0 on Day 2, and after
20–22 h recovery at pH 6.0 on Day 3. Note that all three parameters
are plotted on the same scale, and that the sum of MAmm−N + MUrea−N
yields MN, the total nitrogen excretion rate. In b, the nitrogen quotient (MN/MO2) and the percentage of aerobic metabolism fueled by
protein calculated from these measurements are shown. Means ± 1
SEM, N = 9; the same nine fish were followed throughout. Asterisk
indicates significant difference (P < 0.05) at pH 8.0 (Day 2) relative to
both pH 6.0 (control, Day 1) and pH 6.0 (recovery, Day 3), as determined by repeated measures one-way ANOVA followed by Dunnett’s
test
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in MN was entirely due to a rise in MAmm−N; the small contribution from MUrea−N remained unchanged, as in Series 2.
The NQ (MN/MO2) was high in these fish, averaging about
0.18, and did not change during the experimental treatments
(Fig. 5b). Thus, protein oxidation accounted for about 67%
of aerobic metabolism, regardless of the increase in routine
MO2 during pH 8.0 exposure.

Series 4—initial time course of the responses
of oxygen consumption and ammonia excretion
rates to pH 8.0 exposure in large Tambaqui
The goal of this experiment was to determine whether the
increases in MAmm−N and MO2 seen at 20–22 h in large Tambaqui of Series 2 and 3 occurred rapidly at the start of pH 8.0
exposure, because the standard pattern in most teleosts is an
initial inhibition of MAmm−N at high pH (see “Introduction”).
A significant 21% increase in MO2 occurred by 1–2 h, and by
6–7 h, this had risen to 35% (Fig. 6a). In contrast, there was
no change in MAmm at 1–2 h, followed by a 60% increase at
6–7 h which was not significant (P = 0.085) in a two-tailed
test (Fig. 6b). These data suggest that there may be a slight
initial “back-up” of ammonia excretion, followed by a compensation, whereas metabolic rate increases gradually.

Fig. 6  Initial time course of the responses of a routine oxygen consumption rate (MO2) and b ammonia excretion rate (MAmm) to pH 8.0
exposure in large Tambaqui in Series 4. Measurements were made at
pH 6.0 (control) and then at 1–2 and 6–7 h of exposure to pH 8.0.
Means ± 1 SEM, N = 8; the same eight fish were followed throughout.
Asterisk indicates significant difference (P < 0.05) at pH 8.0 relative
to pH 6.0 (control), as determined by repeated measures one-way
ANOVA followed by Dunnett’s test
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Series 5—effects of pH 8.0 exposure and recovery
on blood acid–base status and plasma ammonia
and glucose concentrations in large Tambaqui
After 20–22 h at pH 8.0, large Tambaqui exhibited a significant rise in pHa by 0.2 units (Fig. 7a). This alkalosis was
of mixed respiratory and metabolic origin, because PaCO2
fell by more than 50% (Fig. 7b), whereas plasma [ HCO3−]a
was not significantly altered (Fig. 7c). These changes were
reversed on Day 3 after return to pH 6.0.
Plasma PaNH3 increased by about 75% at pH 8.0 (Fig. 8a),
in accordance with the increases in MAmm seen in the previous series. However, there was no significant change
in plasma total ammonia concentration (Fig. 8b), so the
increase in P
 aNH3 was entirely due to the altered ammonia
speciation at higher plasma pHa (Fig. 7a). The unchanged
plasma total ammonia indicates that the increase in ammonia

Fig. 8  a Arterial ammonia partial pressure (PaNH3), b arterial total
plasma ammonia concentration, and c arterial plasma glucose concentration in large Tambaqui in Series 5 after 20–22 h at pH 6.0 on
Day 1, after 20–22 h exposure to pH 8.0 on Day 2, and after 20–22 h
recovery at pH 6.0 on Day 3. Means ± 1 SEM, N = 9; the same nine
fish were followed throughout. Asterisk indicates significant difference (P < 0.05) at pH 8.0 relative to both pH 6.0 (control, Day 1) and
pH 6.0 (recovery, Day 3), as determined by repeated measures oneway ANOVA followed by Dunnett’s test

excretion rate kept pace with the increase in the metabolic
production rate of ammonia. Plasma glucose concentration
also did not change significantly during the experimental
regime (Fig. 8c).

Series 6—effects of pH 8.0 exposure and recovery
on ammonia excretion rate in small Tambaqui

Fig. 7  Blood acid–base status in large Tambaqui in Series 5 after
20–22 h at pH 6.0 on Day 1, after 20–22 h exposure to pH 8.0 on
Day 2, and after 20–22 h recovery at pH 6.0 on Day 3. a arterial
pH (pHa), b arterial carbon dioxide tension (PaCO2), and c arterial
plasma bicarbonate concentration ([HCO3−]). Means ± 1 SEM, N = 9;
the same nine fish were followed throughout. Asterisk indicates significant difference (P < 0.05) at pH 8.0 relative to both pH 6.0 (control, Day 1) and pH 6.0 (recovery, Day 3), as determined by repeated
measures one-way ANOVA followed by Dunnett’s test

In contrast to the pattern seen in large fish, in small Tambaqui MAmm−N fell significantly by about 25% during the
first hour of exposure to pH 8.0, but had rebounded to the
control level by the third hour (Fig. 9). However, MAmm−N
never significantly exceeded the control level through 24 h
of pH 8.0 exposure. Upon return to pH 6.0, MAmm−N was
significantly elevated by about 25% above the control rate
at both the first and fourth hour of recovery, suggesting that
some ammonia retention had occurred at pH 8.0.
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Fig. 9  Ammonia excretion rates (MAmm−N) in Tambaqui of small size
in Series 6 at pH 6.0 (control), at various times during 24 h exposure
to pH 8.0, and at 1 and 4 h of recovery at pH 6.0 Means ± 1 SEM,
N = 8; the same eight fish were followed throughout. Asterisk indicates significant difference (P < 0.05) relative to pH 6.0 (control, at
0 h), as determined by one-way ANOVA followed by Dunnett’s test

as a function of fish size or pH exposure (data not shown).
Values averaged about 0.5 μmol ATP mg protein−1 h−1.
In contrast, branchial vH+ATPase activity at pH 6.0 was
about 40% higher in small fish than in large fish, a significant difference (Fig. 11a). Furthermore, after 24 h exposure to pH 8.0, vH+ATPase activity fell significantly in
small Tambaqui, whereas it remained unchanged in large
Tambaqui, such that the values were similar in the two
treatment groups at high pH. Plasma cortisol concentrations were 35% lower in small fish than in large fish at pH
6.0, a significant difference which became even greater
(65% lower) after 24 h at pH 8.0 (Fig. 11b). This occurred
because plasma cortisol concentration dropped significantly by about half in small fish yet remained unchanged
in large fish at pH 8.0.

The goal of these measurements was to elucidate possible
physiological reasons for the different response patterns of
large versus small Tambaqui at pH 8.0. There were no significant differences in gill N
 a+, K+ATPase activities either
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Fig. 10  Routine oxygen consumption rates (MO2) in Tambaqui of
small size in Series 7 at pH 6.0 (control), and after 1 and 24 h exposure to pH 8.0. Means ± 1 SEM, N = 8; the same eight fish were followed throughout. Asterisk indicates significant difference (P < 0.05)
relative to pH 6.0 (control), as determined by one-way ANOVA followed by Dunnett’s test
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The pattern of MO2 response was another size-related difference. Rather than increasing as in large fish, MO2 fell significantly by about 20% at both 1 and 24 h of exposure to
pH 8.0 (Fig. 10).
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Fig. 11  A comparison of a branchial 
vH+ATPase activities and
b plasma cortisol concentrations after 24 h exposure to either pH
6.0 (control) or pH 8.0 in small versus large Tambaqui of Series 8.
Means ± 1 SEM, N = 6 in each treatment group. Letters indicate significant differences. Statistical analysis by two-way ANOVA (water
pH, size) followed by Tukey’s test. Means with different lower case
letters are significantly different (P < 0.05) between sizes within a
pH. Means with different upper case letters are significantly different
(P < 0.05) between pH values within a size class
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Discussion
Nitrogen metabolism
M Amm−N was markedly stimulated at pH 8.0, at least in
Tambaqui of intermediate (30–50 g; Fig. 1) and large size
(150–300 g; Figs. 2a, 5a). This is the most important and
surprising finding of the present study, and directly contradicts our original hypothesis. While a pH of 8.0 would
be benign to most freshwater species, higher pH values
(≥ 9.0) almost universally cause toxicity associated with
ammonia retention due to an inhibition of the ammonia
excretion mechanism at the gills (reviewed by Wilkie and
Wood 1996; Wilkie 2002). We had therefore posited that
in an acidophilic species such as the Tambaqui, the threshold pH at which ammonia excretion becomes inhibited
might simply be shifted to a lower level relative to that in
most fish. Therefore, we predicted that MAmm−N would be
inhibited at pH 8.0, and that this in turn would explain the
disturbed physiology observed when Tambaqui are held
chronically at pH 8.0 (Aride et al. 2007). Internal ammonia buildup might be a particular problem for an endemic
Amazonian fish because they are generally more sensitive to ammonia toxicity than species from other regions,
perhaps because they evolved in generally acidic waters
where NH3 concentrations would be low (Souza-Bastos
et al. 2016). In fact, the opposite occurred, as M Amm−N
increased but internal plasma ammonia levels (Fig. 9b)
were unaffected at pH 8.0 in Tambaqui.
The simplest explanation for the elevation of MAmm−N
at pH 8.0 is that it simply reflects a general increase in
the metabolic production rate of ammonia accompanying the observed increase in MO2 (Fig. 5a). As reported
in other recent studies (Pelster et al. 2015; Wood et al.
2017), Tambaqui are unusual amongst fish (see summaries
in Van Waarde 1983; Wood 2001) in that protein accounts
for a very large fraction (60–85%) of the fuels burned
in oxidative metabolism under control conditions. This
high fraction remained constant as MO2 increased during
pH 8.0 exposure (Fig. 5b), so the aerobic metabolism of
all fuels increased, including the dominant fuel which
was protein. Therefore, more ammonia was released by
deamination of amino acids associated with oxidation of
their carbon skeletons in aerobic metabolism. The negative growth reported in Tambaqui held chronically at pH
8.0 (Aride et al. 2007) presumably reflects this increased
metabolic cost. However, the higher cost of living at pH
8.0 cannot be attributed to stress, as plasma glucose and
plasma cortisol levels, which are two classic biomarkers of
stress in fish (Mommsen et al. 1999), remained unchanged
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(Figs. 8c, 11b). Interestingly, Aride et al. (2007) reported
a prolonged production of excess mucus at pH 8.0. This
was not noticed in the present short-term study, but would
certainly contribute to elevated metabolic cost.
This elevated MAmm−N occurred almost entirely at the
gills; the contribution of the kidney was unimportant
(Table 1). Indeed, the branchial excretion mechanism(s)
appeared to be perfectly capable of dealing with this
increased production rate such that internal ammonia accumulation was avoided (Fig. 8b). However, the time course
experiment (Fig. 6) indicated that at the start of pH 8.0
exposure, the increase in MAmm−N lagged slightly behind
that in MO2. These data suggest that there may have been a
slight initial “back-up” of ammonia excretion, followed by
a compensation, as the branchial excretion mechanism(s)
were adjusted to cope with the greater ammonia production rate. It is interesting that MUrea−N, representing the
excretion of the other major nitrogenous waste, did not
increase at pH 8.0 (Figs. 2b, 5a). This is in accordance
with previous observations in the Tambaqui (Wood et al.
2017) that M Urea−N responds in a very different pattern
from MAmm−N to other stimuli, such as hypoxia, feeding,
fasting, exercise, and temperature challenge in Tambaqui.
The reason is probably because the pathway for urea-N
production does not reflect direct oxidative deamination
of amino acids, but is mainly via uricolysis in fasted fish
(reviewed by Wood 1993).
M Amm−N remained unaffected by acidic water at pH
down to 4.0 (Fig. 1). This is another unusual aspect of
nitrogen metabolism in the Tambaqui and confirms earlier findings (Wilson et al. 1999). In contrast, in most
other freshwater fish, exposure to water of low pH greatly
increased M Amm−N (e.g., McDonald and Wood 1981;
McDonald 1983; Golombieski et al. 2013; Kwong et al.
2014; Wright et al. 2015; Duarte et al. 2016). Indeed, over
the same acidic pH range, even other species native to the
Rio Negro watershed exhibited increases in MAmm−N (Wilson 1996; Wilson et al. 1999; Wood et al. 2003). Whether
this almost universal phenomenon is due to enhancement
of the PNH3 gradient across the gills due to H+ trapping of
NH3 as NH4+ externally (and thus reduction of the downstream end of the transbranchial P
 NH3 gradient), or rather
due to a stress-induced increase in the metabolic production rate of ammonia is not clear. Regardless, the absence
of this response in Tambaqui at low pH reinforces previous
observations that this species is extremely tolerant of the
acidic conditions common in Amazonian waters (Gonzalez
et al. 1998; Wood et al. 1998; Wilson et al. 1999). The
absence of increased N-loss in the form of ammonia at
pH 4.0 may be one factor explaining why this species can
sustain high growth rates under acidic conditions (Aride
et al. 2007).
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The mechanism of branchial ammonia excretion
in Tambaqui
The paradoxical effects of water pH on ammonia excretion
rate in Tambaqui (Fig. 1) reinforce the conclusion that the
mechanism(s) of MAmm−N in acidophilic Amazonian fishes
are both unusual and poorly understood (Wilson 1996; Wood
et al. 1998, 2014, 2017; Gonzalez et al. 2005). Indeed, the
mechanism(s) of Na+ uptake in these and other Amazonian
species have been investigated in somewhat greater detail
than ammonia excretion, and again the general conclusion
has been that they also do not conform to standard models
(e.g., Wilson 1996; Gonzalez et al. 1997, 2002, 2005; Gonzalez and Preest 1999; Gonzalez and Wilson 2001; Preest
et al. 2005; Matsuo et al. 2005; Matsuo and Val 2007; Duarte
et al. 2013, 2016; Wood et al. 2014).
An Rh protein-based model, the “Na+/NH4+ exchange
complex” (Wright and Wood 2009; Tsui et al. 2009;
Weihrauch et al. 2009; Ito et al. 2013) is now gaining general acceptance as a mechanism for loose coupling of N
 a+
uptake and ammonia excretion in most other freshwater fish.
Indeed, this mechanism seems to become particularly prominent in several non-Amazonian species (Osorezan dace—
Hirata et al. 2003; zebrafish—Kumai and Perry 2011; Shih
et al. 2012; larval medaka—Lin et al. 2012) when exposed
to water similar to the native waters of the Tambaqui,
i.e., low in pH and/or in Na+ concentration. In brief, this
concept comprises several apical membrane transporters
(Rhcg, vH+-ATPase, Na+/H+ exchanger, N
 a+-permeable
apical channel, carbonic anhydrase) working together as a
metabolon. The theory (reviewed by Wright and Wood 2012;
Kwong et al. 2014) envisages that H+ ions are removed from
NH4+ as NH3 enters the inner gates of the apical Rhcg channels, and these drive Na+ uptake via Na+/H+ exchangers
and/or Na+ channels/vH+-ATPase complexes while at the
same time, the N
 H3 molecules leaving the outer gates of the
Rh channels trap H
 + ions externally and are converted to
+
NH4 (“diffusion trapping”), thereby sustaining the gradient for N
 H3 movement through the channels. Hydration of
CO2 by carbonic anhydrase augments the supply of protons.
Therefore, MAmm−N should depend on external H+ availability, being stimulated by low water pH and inhibited by high
water pH, neither of which were seen in Tambaqui (Fig. 1).
Furthermore, net N
 a+ fluxes (JNa; Fig. 4a) were also not in
accordance with this model, as discussed in the subsequent
section. Similarly, in the Amazonian cardinal tetra, patterns
of MAmm−N and N
 a+ exchange did not fit the “Na+/NH4+
exchange metabolon” model (Wood et al. 2014). The conclusion of that study was that while the apical mechanisms were
unclear, ammonia excretion did not depend on Na+ uptake,
and involved active basolateral NH4+ transport which was
responsive to substrate supply, with N
 H4+ substituting for
+
+
+
K on basolateral N
 a , K -ATPase. The latter had been
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originally suggested by Randall et al. (1996) as a probable
mechanism in acidophilic Amazonian fish; the “pumping”
of NH4+ into the branchial cells would supply H+ ions for
apical acid excretion. If this were the case in Tambaqui, it
might explain the absence of the expected stimulatory effect
of low water pH and the observed stimulatory effect of high
water pH on MAmm−N where metabolic ammonia production increased. In future studies on Tambaqui, it will be useful to test whether N
 H4+ can substitute for K
 + in activating
+
+
branchial Na , K -ATPase activity, to measure unidirectional Na+ fluxes, MAmm−N, and net acidic equivalent flux
(JH) simultaneously across a range of water pH values and
Na+ concentrations, and to apply a variety of pharmacological inhibitors known to disrupt the Na+-ammonia coupling
mechanisms in other species (e.g., Preest et al. 2005; Tsui
et al. 2009).

Ion and acid–base fluxes
At pH 8.0, large Tambaqui increased the rates of both
ammonia excretion (MAmm−N) and net acidic equivalent
excretion (JH) (Fig. 3). Thus, they were excreting acid or
taking up base from the water. If the “Na+/NH4+ exchange
metabolon” model (Wright and Wood 2009; Tsui et al. 2009;
Weihrauch et al. 2009; Ito et al. 2013) described above were
to apply, then an increase in Na+ uptake coupled to elevated
excretion of ammonia and acidic equivalents would have
been expected. However, contrary to this idea, the net flux
of Na+ (JNa) did not change (Fig. 4a), and this was in accordance with unchanged activities of gill Na+, K+ATPase and
vH+ATPase (Fig. 11a). In contrast, the net flux of C
 l− (JCl)
became highly negative (Fig. 4c). The net change in JCl
almost exactly balanced the net change in JH, both being
about − 400 uequiv kg−1 h−1, implicating a disturbance
of Cl− versus base exchange rather than N
 a+ versus acid
exchange. This pattern was very different from that observed
in rainbow trout exposed to very high pH (9.5), where both
JNa and JCl became highly negative but approximately equal
(Wilkie et al. 1999).
Very little is known about Cl− uptake mechanisms in
acidophilic Amazonian teleosts (Gonzalez et al. 2005).
However, current models for other freshwater fish assume
the presence of an apical C
 l−/HCO3− exchange mechanism
(e.g., Kirschner 2004; Tresguerres et al. 2006; Evans 2011),
and one study has indicated its presence in the Amazonian
neon tetra (Preest et al. 2005). The present results therefore
suggest that exposure to high pH was associated with an
inhibition or reversal of apical Cl−/HCO3− exchange in the
Tambaqui. The measured titration alkalinity of the water
increased from about 140 μM at pH 6.0 to 500–600 μM at
pH 8.0, relative to water C
 l− concentrations < 100 μM. Thus,
at pH 8.0, the electrochemical gradients across the apical
membranes of gill cells may have been reversed, leading to
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negative JCl and JH. Similar to the situation for N
 a+ balance,
−
measurements of unidirectional C
 l fluxes and pharmacological intervention will be required to test this idea. Regardless, elevated base uptake or acid excretion was clearly an
inappropriate response at pH 8.0, and would explain the part
of the observed blood acid–base disturbance attributed to
metabolic alkalosis (Fig. 7). It remains unknown whether
these disturbances would persist or be corrected during
chronic exposure to pH 8.0. Aride et al. (2007) reported that
plasma Na+ levels remained unchanged in Tambaqui chronically exposed to pH 8.0, but unfortunately did not measure
acid–base or Cl− status.

Blood acid–base status
PaCO2 was about 6 torr in Tambaqui under control conditions
at pH 6.0 (Fig. 7b), approximately twofold greater than in
most other freshwater fish (Dejours 1975; Cameron 1978).
This high resting P
 aCO2 in Tambaqui was also reported in
an earlier study, correlated with a very low PaO2; both were
thought to be caused by a low gill diffusing capacity (Wood
et al. 1998). The substantial rise in pHa (Fig. 7a) and associated fall in PaCO2 (Fig. 7b) seen at pH 8.0 in Tambaqui
has been reported previously in trout exposed to higher
water pH (e.g., Wilkie and Wood 1991; Wilkie et al. 1994,
1996; McGeer and Eddy 1998). The reason for this respiratory alkalosis is that high pH water essentially serves as a
“vacuum” for C
 O2, because of diffusion trapping of C
 O2
as HCO3− by external hydroxyl ions, as first pointed out by
Johansen et al. (1975). However, a difference in the Tambaqui is that plasma HCO3− concentration did not fall, but
rather remained stable. This reflected an additional component of metabolic alkalosis, likely due to the negative JH
observed at high pH (Fig. 3). It would be interesting to test
whether blood acid–base disruption persisted indefinitely
in Tambaqui; in trout, disturbances in blood acid–base status were not corrected during chronic high pH exposure
(Wilkie et al. 1996; McGeer and Eddy 1998). Another topic
for future exploration is whether bulk water P
 CO2 was transiently at disequilibrium after water pH was raised by KOH
addition (which might lower PCO2 below atmospheric levels)
or lowered by H
 NO3 addition (which might raise P
 CO2 above
atmospheric levels), and the effects that these disequilibrium
conditions might have on the physiology of the fish.

The different responses to pH 8.0 in small Tambaqui
Very small Tambaqui (4–15 g) appeared to respond to pH
8.0 exposure in a fundamentally different manner than their
larger conspecifics. In essence, their metabolic costs actually declined (Fig. 10) and there was no increase in MAmm−N
(Fig. 9). Nevertheless, there was a transient inhibition of
MAmm−N upon initial exposure, and an elevation after return
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to pH 6.0, suggesting that modest ammonia retention may
have occurred. Two other notable differences were significant declines in branchial vH+ATPase activities (Fig. 11a)
and plasma cortisol (Fig. 11b) after 24-h exposure to pH 8.0,
neither of which were seen in large Tambaqui. The former
can be interpreted as an adaptive response as it could prevent
inappropriate excretion of acidic equivalents, and the latter
suggests that stress levels actually declined at pH 8.0.
In the wild, Tambaqui occupy different niches at different life stages (Goulding and Carvalho 1982; Araujo-Lima
and Golding 1997). Very small individuals are mainly carnivorous and prey mainly on micro-invertebrates, whereas
larger individuals are omnivorous, incorporating more fruits
and seeds into their diet. Larger internal “alkaline tides”
(Cooper and Wilson 2008; Bucking and Wood 2008) would
be expected in carnivores. Very small individuals are also
restricted to flood plains of the less acidic “white water”
rivers, being particularly concentrated under floating macrophytes and in flooded forests, whereas larger individuals
are found in the main rivers and undertake migrations to
the more acidic “black water” rivers. Environmental conditions are likely different at the two sites, with higher and
more variable water pH in the floodplains, the latter due to
greater day-time photosynthesis (alkalinizing) and greater
night-time respiration (acidifying) by plant material. Potentially, the physiology of very small Tambaqui is better at
coping with alkaline conditions, and with both internal and
external pH variability.

Relevance of the results for aquaculture
In light of the growth in aquacultural production of Tambaqui (see “Introduction”), it is clear that water pH management is a critical issue (Aride et al. 2004). Fertilization of
ponds is a common practice, with the goal of increasing the
production of plankton for food, but this may lead to photosynthetically driven surges in water pH which will damage
the health of larger Tambaqui. It would seem judicious to
maintain water pH at < 7.0 for larger Tambaqui, and even
lower pH may be beneficial. This may not be a concern for
very small size classes.
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